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1. Introduction

Every year, between 4.8 and 12.7 million metric tons (MMT) of plastic waste enters the ocean
from land-based sources, and it is estimated that there are now over 5 trillion plastic particles
weighing more than 250,000 tons floating in the world's oceans (Eriksen et al., 2017).
Microplastics (MPs), which are small plastic particles less than 5 millimeters in size, have
become a growing concern due to their potential impact on the environment. MPs can be
ingested by a wide range of organisms in aquatic environments, from plankton to whales, and
can accumulate in the food chain. Over 100 marine species have been found with MPs in their
stomachs, and it is estimated that more than half of all seabirds and sea turtles have ingested
plastic debris (Jambeck et al., 2018). A study by Lusher et al. (2013) showed that 36.5% of
fish collected from the English Channel had MPs in their gut, with an average of 1.9 MP
particles per fish. The ingestion of MPs can lead to reduced growth, reproduction, and survival
of the affected organisms, as well as altered behavior and hormonal effects (Galloway et al.,
2017). In addition to these impacts on marine life, MPs have been shown to transport
pollutants and toxic chemicals, such as heavy metals and persistent organic pollutants, into
the food web, leading to potential health risks for both wildlife and humans (Liu et al., 2019.,
Rios et al.,2007). The potential impacts of MPs on human health are also a growing concern,
with some studies suggesting that they may have endocrine-disrupting effects and could
potentially cause reproductive and developmental problems (Wagner et al., 2009, Smith et
al.,2018).

Given the potential risks associated with MPs, it is crucial to identify sources of MPs, extract
them from environmental matrices, and quantify and qualify them. Researchers are actively
working on developing methods to detect and quantify MPs in various environmental
compartments, including ocean, sediment, and the atmosphere. By understanding the sources
and distribution of MPs, we can develop effective strategies to reduce their environmental
impact and protect the health of both animals and humans. In recent years, there has been a
growing interest in developing standard methods for the analysis of MPs, including methods
for sampling, extraction, identification, and quantification (GESAMP, 2015). Several studies
have evaluated different sampling techniques and extraction protocols to optimize MP
recovery from environmental samples (Rasmussen et al., 2012, Kirstein et al., 2019, Wang et
al.,2023, Hansen et al.,2023). To accurately identify the sources of MPs, researchers are also
working on developing techniques to fingerprint the MPs using chemical and physical
characteristics, such as polymer type, size, and shape. These techniques include Fourier

transform infrared spectroscopy (FTIR) and Raman spectroscopy (Primpke et al., 2020).
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As the field of MP research continues to evolve, it is becoming clear that a multidisciplinary
approach is necessary to fully understand the sources, impacts, and solutions to MP pollution.
This requires collaboration among scientists from a range of fields, including engineering,

chemistry, biology, ecology as well as policy.

This thesis aims to contribute to the ongoing research on the development of effective
standard methods for MPs by investigating the potential impact of different chemicals
commonly used for extracting the MPs particles from the environmental matrix. The main
objective was to characterize the potential physical and chemical changes on the properties
of MP particles during the sample preparation protocol steps (SDS treatment, density
separation, enzymatic treatment, and Fenton treatment). The recovery rate of particles after
each protocol step was also evaluated. Additionally, different identification techniques,
including UFT-IR imaging and pRaman spectroscopy, were compared to determine which
method was best suited for the analysis of the samples. To accomplish this, standardized
samples with known numbers of spiked particles were utilized. The spiked particles included
five main polymer types: polyethylene (PE), polypropylene (PP), polystyrene (PS), polyvinyl
chloride (PVC), and polyethylene terephthalate (PET).

By testing the effects of different chemicals and identification techniques, this research can
inform future researchers and contribute to the development of standard methods for the
analysis of MPs that can be used to identify sources and quantify the extent of MP pollution in

the environment.
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2. Theoretical background and information
2.1. Defining Plastics

Plastics are synthetic materials made from polymers, which are long chains of repeating
molecules (PlasticsEurope, n.d.). These materials can be molded into a variety of shapes and
forms, making them useful in many different applications including packaging, construction,
and consumer products. Plastics have several desirable properties, including being
lightweight, durable, and resistant to water and chemicals. They can also be manufactured at
a relatively low cost, making them a popular choice for consumer products. One of the key
concerns with plastics is their persistence in the environment. Plastics can take hundreds of
years to break down, and when they do, they often break down into smaller and smaller pieces
known as MPs (Andrady, 2017).

2.2. Defining MPs

Microplastics (MPs) are small plastic particles, less than 5 millimeters in size (Hartmann et al.,
2019). Their size can range from a 1 um to 5 millimeters, with smaller particles typically being
more abundant in the environment (Van et al., 2018). They can be classified into two main

categories depending on their source: primary MPs and secondary MPs (Figure 1).

PLASTIC FRAGMENTATION

BY MECHANICAL FRICTION
\ / 4, DEGRADATION BY
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Figure 16. Primary and secondary sources for MPs.
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Primary MPs are manufactured and intentionally added to products such as personal care and
cosmetic products, industrial abrasives, and plastic pellets used in plastic manufacturing
processes. These MPs enter the environment through various pathways, including direct
release from product use and manufacturing processes, as well as accidental spills and leaks.

Secondary MPs are formed from the degradation of larger plastic items (Cole et al., 2011).

MP debris undergoes degradation through mechanical, chemical, and biological processes in
the environment. The rate of degradation is influenced by various polymer characteristics,
including their structure and chemical composition. As a result of degradation, MP particles
gradually decrease in size, eventually transforming into nanoplastics. (Corcoran, 2022, Guo
et al., 2019). In the study by Kalogerakis et al. (2017), there is an experimental investigation
focused on polyethylene (PE) films. The research revealed that the degree of weathering was
intensified by exposure to sunlight and mechanical stress. Additionally, mechanical
weathering of MPs can occur in the water column when particles encounter shear stress
forces. Enfrin et al. (2020) conducted an experimental study where PE microbeads from a
facial cleanser were released into the water and subjected to shear stress through mechanical
stirring, pumping, and ultrasonic irradiation. While mechanical weathering contributes to the
fragmentation of MPs, chemical degradation processes such as photooxidation, thermal
oxidation, hydrolysis, and differences in salinity and alkalinity can enhance or even initiate the
degradation process (Corcoran, 2022). The degradation of MPs can lead to changes in their
physical and chemical properties, such as color, surface morphology, crystallinity, particle

size, and density (Andrady et al., 2011).

2.2.1. Morphological Characteristics of MPs

MPs are small plastic particles that can take different colors, sizes, and shapes including
fragments, pellets, fibers, film, and foams as illustrated in Figure 2. The most common type of
MPs found in the environment are fragments, which are small broken-down pieces of larger
plastic items. Fragments can come from various sources, such as packaging materials, plastic
bottles, and fishing gear. Pellets are another type of MP that can be easily transported by wind
and water and are commonly found in marine and freshwater environments. Pellets are small
bead-like pieces of plastic that are used as raw materials for plastic manufacturing. Fibers are
also a type of MP that can come from synthetic textiles and other materials that shed fibers
during usage and washing. Thin, flexible, sheet-like plastics known as film, usually originating
from plastic bags, plastic foil, or other packing materials, are also a type of MP. Any kind of

plastic with a foamed structure is referred to as foam. This could be, for example, Styrofoam
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or other expanded or foamed plastics such as polystyrene (PS), polyethylene (PE), or polyvinyl
chloride (PVC). (GESAMP, 2015, Dey et al.,2021).

Foams Films _ Fibres/lines

Pellets

Figure 17. Different shapes of MPs (Jiménez-Skrzypek et al.,2021).

2.2.2. Chemical Characterization of MPs

Apart from different physical properties, MP patrticles also differ in their chemical composition.
MPs are synthetic materials made from polymers, which are large molecules made up of
repeating subunits called monomers. The structure of a polymer depends on the type of
monomers used and the way they are linked together. The most common polymers found in
the environment are polyethylene (PE), polypropylene (PP), polyvinyl chloride (PVC),
polystyrene (PS), and polyethylene terephthalate (PET) (Andrady, 2017). They all belong to
the group of thermoplastics which are a type of polymers that can be easily melted and molded
into various shapes when heated. Unlike thermosetting plastics, which undergo a chemical
change during heating and cannot be reshaped once they are set. Thermoplastics can be
melted multiple times without undergoing any chemical change, making them suitable for
recycling. (Andrady, 2017).

Polyethylene (PE) is a type of polymer composed of ethylene monomer units that are arranged
linearly. Depending on the manufacturing process, PE can have different levels of branching
and crystallinity. Its low cost and long durability make it a popular choice for packaging and
disposable products. Polyethylene terephthalate (PET) is another type of polymer made up of
repeating terephthalic acid and ethylene glycol monomer units. It has a highly crystalline

structure, which gives it strength and clarity. PET is commonly used in beverage bottles and
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food packaging due to its recyclability and other desirable properties. Polystyrene (PS) is made
up of repeating styrene monomer units and can be either amorphous or crystalline. PS is used
in packaging and insulation materials because of its great insulating properties and
affordability. Polypropylene (PP) is a linear polymer made up of repeating propylene monomer
units. Depending on the manufacturing process, PP can have different levels of crystallinity. It
is often used in packaging, automotive parts, and medical devices due to its chemical
resistance and low density. Polyvinyl chloride (PVC) is a linear polymer composed of repeating
vinyl chloride monomer units. Like PP, it can have varying levels of crystallinity depending on
the production process. Because of its versatility and durability, PVC is commonly used in

construction materials, medical devices, and consumer products (PlasticsEurope, n.d.).

Table 4. Table showing common polymers, their chemical structures, and typical applications

Chemical o
Polymer Applications
Structure
Polyethylene (PE) (C2Ha)n Packaging, disposable products

Beverage bottles, food
Polyethylene terephthalate (PET) = (C10HsO4C2Ha)n

packaging
Polystyrene (PS) (CgHs)n Packaging, insulation materials
Packaging, automotive parts,
Polypropylene (PP) (CsHe)n ) )
medical devices
. ) Construction materials, medical
Polyvinyl chloride (PVC) (C2HsCl)n

devices, consumer products

The durability and resistance of these polymers to degradation can lead to their persistence
in the environment and pose a threat to ecosystems. Moreover, their chemical properties can
make them prone to leaching toxic additives and interfering with biological processes, causing

long-term ecological damage.

2.3.  From MPs in the Environment to MPs Identification

As the negative impact of MPs on the environment and human health continues to be a
growing concern, research efforts aimed at discovering their sources and reliably identifying
and quantifying these pollutants are gaining significant attention. Recognizing the sources and
characterizing MPs is essential for implementing effective measures to reduce their release

into the environment and mitigate the potential hazard they represent. To quantify MP
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particles, it is essential to undergo several steps. The first of which is the sampling, which can
be conducted in a variety of environmental matrices such as marine waters or freshwater

systems, wastewater, soil, and sediment.

2.3.1. Sampling

Proper sampling practices are crucial for collecting representative environmental samples and
minimizing contamination. In the study of Aineli et al., (2021) several approaches for sampling
MPs from the environment are described. The first method is selective sampling, which
involves collecting directly the plastic items. This method is limited to occasions where the
plastic particles are visible to the naked eye and are not suitable for MPs smaller than 4 mm.
Another approach is bulk sampling, where a volume of the environmental matrix is collected
to later extract the MP in the laboratory. This method is commonly used for benthic sediments
and soil matrices. Alternatively, there is the volume-reduced sampling technique, which is
commonly used to target the water compartment. Surface water samples are commonly
collected using Manta tows, Neuston, and Plankton nets with mesh sizes varying from 333 pm
to 25 pm (Kye et al.,2023). One more technique for sampling marine waters is using a pump
or centrifuge, although its volume-sampling capacity generally is lower than the one of nets.
However, it is suitable for sampling small MPs that may be underestimated from the nets
sampling approach (Simon-Sanchez et al.,2022). Sampling for MPs using large-volume
pumps has been largely applied to target these pollutants in wastewater treatment plants. The
pump usually consists of a filtering device made of metal materials like stainless steel or
aluminum, and a glass bottle for storage. (Aineli et al.,2021). For sampling MPs in sediments
and soil, the grab sampling method is commonly proposed as it can collect small MPs.
Besides, metal tools such as spoons, Van-Veen grab samplers, and metal corers can be used.
Last, but not least are the procedures to minimize potential contamination during sampling. It
is common practice to use containers made of glass, stainless steel, or aluminum for the
collection, storage, and transportation of MP samples, rather than using plastic bottles or

containers (Lee et al.,2023).

2.3.2. Sample Treatment

To optimize the recovery and detection of MPs, various sample preparation techniques are

available, each suited to specific sample types and research goals. The choice of sample
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preparation method depends on the type of sample being analyzed and the specific research

guestions being addressed.

One of the first steps in sample preparation for MP analysis is pre-oxidation, which involves
oxidizing the sample with hydrogen peroxide (H20>) to remove organic material and increase
the contrast between the MP particles and the sample matrix. This procedure is usually used
for sediment and wastewater samples (Gatidou et al. 2019, Kye et al.,2023). Another method
for sample preparation is size fractionation, which involves separating particles based on their
size. This is typically done using sieves or filters of different mesh sizes. The procedure can
be used to process soil and sediment samples (Carr et al., 2016). To separate MP particles
from other organic and inorganic materials present in environmental samples, density
separation is applied. This can be done using a heavy liquid such as sodium chloride (NaCl)
or zinc chloride (ZnCl,) (Nabi et al.,2022). These chemicals are commonly used in MP
research because they can separate MP particles that are lighter than heavy liquids used,
allowing denser particles such as sediment grains to sink. Most studies reported using NaCl
as a density separation solution due to its low price, high solubility, and low toxicity, however,
its density of 1.0-1.2 g/cm? limits the recovery of high-density MPs (Kye et al.,2023). While
ZnCl; can reach a density of 1.7 g/cm?3, it is corrosive and toxic. To overcome this issue, some
studies are alternatively using sodium poly tungstate (SPT) (Molazadeh et al.,2023, Lenz et
al.,2023) because of its high density (1.4-1.6 g/cm?®) and low toxicity compared to ZnCl,, but
it is significantly pricey. This preparation step is usually followed by SDS treatment. Sodium
dodecyl sulfate (SDS) is a detergent that can dissolve lipids and proteins. The addition of SDS
to samples can also help to disaggregate MPs that may be clumped together or embedded in
organic matter (Kirstein et al.,2019, Ainali et al.,2021). Enzyme treatment is another step used
to remove organic matter from MP particles. This method involves treating the sample with
enzymes such as proteinase K or cellulase, which can break down proteins and carbohydrates
(Loder et al.,2017). Additionally, one method also used to break down organic matter in the
sample is Fenton oxidation. This procedure involves using a solution of hydrogen peroxide
(30% H207) and ferrous sulfate (FeSO4) to generate hydroxyl radicals (*OH) in the sample

solution, which are highly reactive and can oxidize organic compounds (Lavoy et al.,2021).

2.3.3. Methods of Detection

Typically, the detection of MPs can be divided into two stages: physical identification based

on characteristics such as color, shape and size, and chemical identification based on their
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polymer composition (Dey et al.,2021). Two widely used methods for chemically identifying

MPs are Fourier Transform Infrared Spectroscopy (FT-IR) and Raman Spectroscopy.

2.3.3.1.  Fourier Transform Infrared (FT-IR) Spectroscopy

Fourier Transform Infrared (FT-IR) Spectroscopy is an analytical technique that provides
information about the chemical composition of a sample. It is a non-destructive and rapid
method that allows for the identification and quantification of chemical compounds in a variety
of samples. FT-IR spectroscopy measures the infrared radiation transmitted by a sample as a
function of wavelength, producing a spectral fingerprint that can be used for identification
(Khan et al.,2018). Transmission FT-IR spectroscopy involves passing the infrared beam
through the sample, which causes the molecules to vibrate and absorb certain wavelengths
of light. The intensity of the transmitted light is measured, and the spectrum of the sample is
obtained (Khan et al.,2018 ). It involves the use of a specialized instrument called an FT-IR
spectrometer. The main components of an FT-IR spectrometer are the source, interferometer,
sample compartment, and detector (Baker et al.,2014). The source produces infrared radiation
that is directed into the interferometer, where it is split into two beams that travel different
paths. One beam passes through the sample, while the other beam passes through a
reference material. The two beams are then recombined, and the resulting interference pattern

is measured by the detector (Harvey, 2022).

Another way that FT-IR spectroscopy can be performed is using reflection as shown in Figure
3.

a b
A
Yoy
@
)'4 qu
<(@)>
IR » Y 4
source
Transmission Reflection (ATR)

Figure 18. FTIR sampling methods. (a) Transmission. (b) Reflection Source:
https://www.researchgate.net/figure/FTIR-sampling-methods-a-Transmission-b-Reflection_figl_338968819.

The principle of total internal reflection is used in Attenuated Total Reflectance Spectrometry.
The beam propagates through the sample, is absorbed by the sample, and the intensity of the

radiation is reduced. The degree of absorption is dependent on the chemical composition of

9
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the sample, and the wavelengths of the absorbed radiation are characteristic of the sample's
functional groups (Harvey,2022). The ATR accessory consists of an internal reflection element
(IRE) that is made of a material with a high refractive index, such as diamond or zinc selenide.
The IRE is in contact with the sample, and the beam of infrared radiation is reflected multiple
times between the IRE and the sample surface, resulting in a high degree of interaction
between the radiation and the sample. The reflected beam is then collected and analyzed to

produce an ATR spectrum (Glassford et al.,2013).

The study of Primpke et al. (2020) explains some of the limitations of FT-IR spectroscopy
when it comes to analyzing MP particles. One of the main limitations is the inability to identify
very small particles (less than 10 pum) using FT-IR spectroscopy due to their low signal
intensity. Another limitation is the potential interference of the sample matrix in the spectral
analysis, which can result in false positives or negatives. The presence of other substances
in the sample, such as minerals, can interfere with the FT-IR spectra and make it difficult to
identify MPs. The lack of standardization in sample preparation and analysis can lead to

variability in results between different laboratories and researchers.

2.3.3.2.  Raman Spectroscopy

Raman Spectroscopy is a non-destructive analytical technique that provides information about
the vibrational modes of molecules in a sample (Harvey,2022). It is based on the Raman
effect, which involves the scattering of light by molecules in the sample, leading to a shift in
the wavelength of the scattered light. When a photon of light interacts with a molecule, it can
be scattered in several ways as shown in Figure 4. In elastic scattering (Rayleigh scattering),
the scattered photon has the same frequency and wavelength as the incident photon. In
inelastic scattering (Raman scattering), the scattered photon has a different frequency and
wavelength, resulting in a Raman shift. (Harvey,2022). The Raman shift provides information
about the vibrational modes of the molecule, which are related to its chemical structure and
composition. (Carey,1999). The basic components of a Raman spectrometer include a laser
source, a monochromator, a sample compartment, and a detector. The laser source provides
the monochromatic light, which is then focused on the sample. The scattered light is then
collected by the monochromator and directed to the detector. The Raman spectrum is
obtained by plotting the intensity of the scattered light as a function of the Raman shift
(Bumbrah et al.,2016).
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Figure 19. Principle of Raman spectroscopy found on: https://www.princetoninstruments.com/learn/raman.

Three approaches can be used for MP analysis with Raman spectroscopy: manual
measurement of single particles, automated particle identification with the "Particle Finding"
algorithm, or point-by-point mapping with "Imaging Mode” (Primpke et al.,2020). For
automated particle identification, an appropriate filter material must be used to ensure reliable
and reproducible analysis. Image analysis software is used to detect and measure particles
automatically (Primpke et al.,2020, Anger et al.,2018).

While Raman spectroscopy is a highly effective analytical technique, it is not without its
limitations. One of the primary challenges associated with Raman spectroscopy is
fluorescence interference from certain samples, which can overpower the Raman signal and
potentially compromise the accuracy of spectral analysis (Primpke et al.,2020). Moreover,
Raman spectroscopy can be impacted by sample heating or laser-induced damage, which
may modify the sample and interfere with the spectral analysis (Primpke et al., 2020).
Therefore, it is essential to carefully consider these potential limitations when conducting

Raman spectroscopy analyses to ensure accurate and reliable results.
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3. Materials and Methods

3.1. Large MPs (0.5 -3 mm)

To investigate larger MP particles, ten grinded MP particles of five different polymer types
were used, making a total of 50 MP particles. The types of polymers used include PVC
(Polyvinylchloride), PS (Polystyrene), PP (Polypropylene), PET (Polyethylene Terephthalate),
and HDPE (High-density polyethylene). Particles were divided into ten different batches
labeled with numbers 1 to 10, each batch containing five distinct polymer types placed on g

47 mm stainless-steel filter and arranged in individual Petri dishes as illustrated in Figure 5.

Figure 20. MP particles of five investigated polymers placed on steel filter in Petri dish.

3.1.1. Attenuated Total Reflection (ATR) Spectroscopy and Microscopic Imaging

Before starting with the experimental protocol, initial particle properties were examined. Due
to the larger size of the particles, their spectroscopic characteristics were analyzed using
Attenuated Total Reflection (ATR) spectroscopy, while their morphology and structure were
assessed through microscopic imaging. This analyzing technique was used before and after
each protocol step to ensure a comprehensive understanding of any potential modifications in
the particle properties. As the ATR analysis technique has the potential to alter the shape of
the particles, it was employed before capturing microscope images. Achieving good contact
between the sample and the internal reflection element (IRE) of the attenuated total reflection
(ATR) objective is necessary for accurate analysis. However, the small contact area increases

the risk of sample damage (Morgado et al., 2021).
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The ATR analysis was performed using The Agilent Cary 630 FTIR spectrometer equipped
with a single reflection diamond ATR sampling module (Figure 6). The scan was collected at
4 cm spectral resolution with 64 scans and a spectral range between 560 and 4000 cm™.
The same settings apply to background and sample scans. Each MP particle was scanned
individually. The data acquisition process was conducted using the Agilent MicroLab software.
Before starting the sample scan, the background was collected by scanning the empty
diamond interface. The particle was then placed on the crystal and pressed down using a
swivel press to ensure optimal contact between the particle and the crystal. During the sample
placement, the live view assessment of the particle-to-diamond contact was monitored. If the
contact was low, the sample was repositioned and the clamp was adjusted accordingly.
Following that, the scan was performed and the software automatically compared the
measured particle spectra to the reference spectra in the library to identify the particle. Once
the measurement was completed, the particle was recollected, and the crystal was cleaned
with a 50% ethanol solution.

lryrn!

Figure 21. The Agilent Cary 630 FTIR spectrometer equipped with a single reflection diamond ATR sampling
module and Agilent MicroLab software.

The microscopic images of particles were acquired using the Zeiss SteREO Discovery.V8
microscope equipped with a Zeiss Axiocam 105 color camera is shown in Figure 7. Particles
were individually placed on a glass microscope slide and observed under the microscope.
Images were captured at different magnifications, depending on the size of the particle being

observed.
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Figure 22. Zeiss SteREO Discovery.V8 microscope equipped with a Zeiss Axiocam 105 color camera and Zen
Microscopic Software.

3.1.2. Sample Preparation Protocol

Given that the objective of the study is to assess the impact of certain chemicals (Figure 8.)
commonly used in the sample preparation process (references to studies conducted in

Aalborg), only the protocol steps involving the use of these chemicals were examined.

Figure 23. Chemicals (from top left to bottom right: SDS, Tris Buffer, Acetate Buffer, H2O2, NaOH, FeSOs4, SPT,
and ZnCl2) used for MP sample preparation protocol.
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The procedure (Figure 9.) begins with the placement of each MP batch in a separate 1 L
beaker containing 200 mL of 5 % SDS (sodium dodecyl sulfate) solution for soaking. Following
this, all ten samples were stirred via a shaker in a water bath for 48 hours. The water
temperature was maintained at 50°C, and the shaking was set at 100 rpm. After 48 hours of
soaking, the samples were filtered using g 47 mm steel filters (mesh 10 pum) and rinsed with
water to remove any chemical residue from the particles. The particles placed on steel filters
were returned to a petri dish, let to dry, and prepared for analysis. The filtration and scanning
processes were performed between each protocol step. After scanning, the samples were
returned to the same beaker, filled with 250 mL of Tris Buffer solution (pH 8.2) and 500 pL of
Protease enzyme. The samples were, again, subjected to shaking in a water bath for 48 hours.
The same procedure was repeated for the next step, which involved treating the samples with
250 mL of Acetate Buffer solution (pH 4.8), as well as adding 500 pL of Cellulase enzyme and
500 pL of Viscozyme enzyme. The following protocol step involves Fenton oxidation. To
initiate the Fenton oxidation reaction, 200 mL of water, 145 mL of 50% H»O. (hydrogen
peroxide), 65 mL of 0.1 M NaOH (sodium hydroxide), and 62 mL of 0.1 M FeSO. (ferrous
sulfate) were added to the beaker containing the particles. During the reaction, monitoring and
maintaining a temperature range of 20-30°C using an ice water bath and thermometers was
essential. The final stage of the sample preparation protocol, where chemicals are applied, is
the density separation of the particles. Since the primary objective is to examine the impact of
chemicals on particle properties, the use of separation funnels was unnecessary. Rather, the
particles were soaked directly in beakers. The most commonly used chemicals for density
separation include SPT (sodium poly tungstate) and ZnCl, (zinc chloride) (p=1.7-1.8 g cm3).
To this end, five samples were soaked in 50 mL of SPT, while the remaining five samples
were immersed in 50 mL of ZnCl,. After 24 hours, the particles were rinsed thoroughly with

water, dried, and prepared for final scanning.

To reduce contamination from equipment used during the sample preparation protocol, the
lab tools were flushed three times with pre-filtered (0.7 um) water before use. Steel filters used
for filtration were muffled at 500°C and beakers with samples were covered with aluminum foil

to minimize airborne contamination.
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Figure 24. Diagram showing sample preparation steps in treatment of large MP particles.

3.2. Small MPs (3-200um)

A set of grinded MP particles with sizes ranging between 3 and 200 um was employed to
investigate the smaller MP particles. The particles consist of PVC (20-40 um), HDPE (80-150
pm), PP (3-100pum), PS (100-200um), and PET (80-150 um). These particles were mixed in
10 mL glass headspace vials with a 50% ethanol solution. To create a solution that includes
all types of polymers, a measured aliquot of 1 mL was taken from each individual solution and

combined in a new vial labeled as "mixed MP" as illustrated in Figure 10.

A ﬁ g —— jA - M i
% sw NC 2L PD 5w - ' =
100 -10@ ;:&m '5—400”‘ Py 2 !wg Hixen He |

ﬁ)-m,u;u “;’)‘g",a/“.

A

Figure 25. Small MP particles (PS, PVC, PP, HDPE, and PET) and a mixed solution of these.
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3.2.1. Sample Deposition, Fourier-Transform Infrared (FT-IR) and Raman Imaging

To characterize the small MPs with Raman imaging and Fourier-transform infrared (FT-IR)
analysis, an aliquot (100 pL) of the mixed MP solution was carefully deposited onto a g 13
mm silicone membrane with a pore size of 5 um (Figure 11.) using a stainless-steel filtration
funnel (EMD Millipore Corporation, USA), as illustrated in Figure 11. In total, eight silicone
membranes with deposited MP particles were prepared. Silicone membranes were selected
as the substrate for Raman and pFT-IR analysis due to their compatibility with both

techniques.

Figure 26. Silicone membranes (on left: empty membrane, on right: with deposited MP particles) and funnel
assessed for depositing particles.

Of the total number of membranes used in the experiment, five membranes (labeled with
numbers 1, 3, 5, 7, and 8) were used to examine the recovery rate of the particles after each
protocol step together with the distribution of the particles. The remaining three membranes
(numbers 2, 4, and 6) were used to compare the efficacy of two different sampling techniques

— UFT-IR imaging and Raman imaging.

The YuFT-IR measurements were performed using an Agilent 620 FTIR microscope equipped
with a 128 x128 pixel MCT-FPA detector (Mercury Cadmium Telluride—Focal Plane Array)
coupled with a Cary 670 FTIR spectrometer (Agilent Technologies, Santa Clara, CA, USA)
(Figure 12.) The analysis was performed using a 15-Cassegrain (visible IR) objective-
condenser system operated in transmission mode. Firstly, a background scan of a new
silicone membrane was taken at 8 cm* spectral resolution, using 120 co-added scans in the
spectral range of 3750-850 cm™. To obtain an optical image of the sample, single field-of-
view images were captured with a 15x% objective and then pieced together to cover an area
measuring about 14 mm x 14 mm. After capturing the image, an area of 15x15 tiles was

scanned with 30 co-added scans and with the same settings as for the background scan.
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Figure 27. Cary 620 UFT-IR microscope together with a Cary 670 FT-IR spectroscope manufactured by Agilent
Technologies.

The Raman spectra of MP particles were collected using a Horiba XploRA PLUS Raman
microscope (Figure 13.) equipped with a 750 nm laser excitation source and a 638 nm edge
long-pass filter. To perform the analysis, the membrane with the particles was placed on a
glass microscope slide and positioned under the objective lens using a motorized stage. The
laser was focused onto the particles using a 50x objective lens. The acquisition parameters
were set to an integration time of 2 seconds and 4 accumulations. This setup was chosen to
maximize the signal-to-noise ratio and obtain high-quality spectra. It should be noted that the
instrument was set to scan particles larger than 10 um. The spectra range was put between 0
and 3500 cm. The scanning procedure involved a two-step process. Firstly, a visual image
of the sample was captured using the microscope’s built-in camera to locate and visualize the
particles on the membrane surface. Once the particles of interest were identified, the laser
beam was focused on them, and a Raman spectrum was collected at the center of every
particle identified (>10 um). The data was analyzed using LabSpec 6 software, which allowed

for real-time monitoring of the acquisition process and visualization of the obtained spectra.
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Figure 28. Horiba XploRA PLUS Raman microscope.

Upon analyzing the scan results obtained from Raman and pFT-IR before sample treatment,
as well as the appearance of samples after the application of the protocol, it was decided to
proceed with only uFT-IR analysis.

3.2.2. Sample Preparation Protocol

To resuspend the MP particles from the silicone membranes, each of the five membranes
(numbers 1, 3, 5,7, and 8) was individually placed in a 25 mL beaker containing 15 mL of 5
% SDS solution. The beakers were then subjected to sonication in a sonication bath for 3
minutes. After sonication, the membranes were rinsed and returned to their respective stands.
The contents from each small beaker were transferred to pre-cleaned 1 L beakers filled with
200 mL of SDS solution. The sample preparation protocol described in Chapter 1.2. was
followed, which consists of five steps. However, in this case, the samples were filtered directly
through the same silicone membranes used for depositing the particles. After each protocol
step, one of the membranes was set aside for UFT-IR scanning, as the goal was to evaluate

the impact of each step on the recovery rate and distribution of the particles. (Figure 14.).

19




Aalborg University

UFT-IR pretreatmant scan

v
Resuspension
SDS Protease Cellulose/ Fenton SPT/ ZnCl,
Viscozyme

} . } } |

Filtration with @ 13 mm silicone membrane (mesh 5 pm)

i B

HFT-IR postreatmant scan

Figure 29. Diagram showing treatment procedure of small MP particles.

Following direct filtration of the samples through a silicone membrane, it was noticed that the
membranes were covered with chemical residues, forming a "cake" (Figure 15.) that covered
MP patrticles interfering with the scanning process, particularly after enzymatic treatment.
Because of this, the membranes were resuspended in a 50% HPLC ethanol solution and then
filtered through @ 47 mm stainless-steel filters with a mesh size of 10 um in order to rinse the
chemical residues. The steel filters were sonicated for 5 minutes to resuspend the particles,

and the resulting solution was once again filtered through the silicone membranes.

Figure 30. “Cake” formed as a result of chemical residues after direct filtration of samples (on right: after cellulose
and viscozyme treatment, on left: after Fenton oxidation) through silicone membrane.
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3.3. Data Processing

3.3.1. siMPle Software

During the research, all data collected from pFT-IR and Raman analysis were processed using
siMPle software. SiMPle is an open-source software developed collaboratively by Aalborg
University and the Alfred Wegener Institute. It facilitates the automated analysis of extensive
mMFTIR-Imaging datasets (Rist et al.,2020). The software analyses data sets by calculating the
spectral fit between the data and reference spectra using Pearson’s correlation for the
untreated data, the first derivative, and the second derivative. (Primpke et al.,2020). By
reconstructing individual particles based on the FT-IR spectra of the pixels they cover, siMPle
generates a false-color map that highlights the identified materials within the sample.
Additionally, the software provides assessments related to the morphology and size of the
identified particles (Rist et al.,2020, Primpke et al.,2020).

3.3.2. ImageJ Software

The ImageJ software was used to process the captured images of large MP particles after
microscopic imaging described in Chapter 3.1.1. to gain information about the size of particles.
The captured images underwent pre-processing procedures to optimize the accuracy of the
results. The images were transferred into an 8-bit format, and a threshold application was

employed to automatically analyze the particles and generate measurements.

3.3.3. SpectraGryph Software

SpectraGryph is a software tool that was used to compare and analyze spectra of large MP
particles after their analysis using ATR spectroscopy. The software provided for the
characterization of changes in the chemical structure of the particles after each of the sample
preparation protocols. The spectra were imported into the software and plotted on a graph,
where they could be easily compared and analyzed. SpectraGryph also allowed for the
manipulation of the data, including baseline correction and peak fitting. To ensure accurate
comparisons, the spectra underwent normalization and baseline correction to eliminate any
inherent variations. Normalization was used to scale the intensity of spectral peaks to a
standard range or reference point which helps to remove variations in peak intensities. By
normalizing the spectra, the relative differences in peak heights can be accurately compared,

allowing for a more accurate analysis of the chemical changes in the particles. Baseline
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correction was employed to remove background noise that can cause fluctuations in baseline
spectra. After normalization and baseline correction, the spectra were saved as CSV text files,
which were then used to calculate Pearson correlation coefficients using R Studio software.
The Pearson correlation coefficient measures the strength and direction of the linear
relationship between two variables. A value close to 1 indicates a strong positive correlation,
while a value close to 0 suggests a weak or no correlation between the variables. This
statistical approach made it possible to quantify the similarities or differences between spectra,

helping in the detection of any significant changes in the chemical structure of the particles.
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4. Results and Discussion

4.1. Physical and Chemical Properties of Large MP Particles (0.5 — 3 mm)

After Sample Preparation

4.1.1. Morphological Characterization

Microscopic imaging was conducted to visually assess any changes in the shape or color of
the MP particles. To illustrate the effects of these changes, one particle from each polymer
type was selected as an example and presented in Figure 16. The selected examples are

representative of the overall changes observed in all the particles tested.

Figure 31. Microscopic images of HDPE (1.), PET (2.), PP (3.), PS (4.), and PVC (5.) particles taken before and
after each of the sample preparation treatments. The initial appearance of each particle is shown in image a,
while images b through f show the particles after undergoing specific treatments, including SDS (b), protease (c),
cellulose and viscozyme (d), Fenton oxidation (e), and density separation (f). Projected areas for particles are:
4.42-4.73 mm? (HDPE), 3.79-4.16 mm? (PET), 3.92-4.34 mm? (PP), 11.47-11.72 mm? (PS), 3.81-4.06 mm?
(PVC).
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Upon visual observation of the particles after undergoing the sample preparation procedures,
no significant changes were noticed in the shape and color of the particles. Although some
particles appeared to have a slightly lighter color, this was determined to be due to different
microscopic lighting during image capture rather than the effect of chemicals used during the
preparation. Additionally, the particles were not consistently imaged from the same side, which
may have contributed to some variations in their appearance. It is worth noting that before the
imaging process, the particles underwent ATR spectroscopy, which involved pressing them
for analysis. This process may have altered the shape of thinner particles such as PET or PP.
Therefore, this visual characterization is considered to be observational and not accurate
enough to draw definitive conclusions about the impact of the sample preparation on the
particle morphology and appearance. To avoid the problem of the light affecting the color of
the particles, before taking the image, there should be standardized lighting conditions
ensuring consistent and controlled light during the image capture process. This can include
using natural light sources and avoiding artificial lighting that may introduce color distortions.
Also, the camera settings such as exposure time, aperture, and focal length should be
adjusted and consistent through imaging. Moreover, to ensure a more accurate comparison
between the colors of the particle, the RGB values can be calculated. In the context of image
analysis, RGB values are used to quantify and represent the colors of objects or pixels in an
image. By measuring the RGB values of a selected area or pixel, it is possible to determine
the color composition and make further color-based analyses or comparisons. (Marti et al.,
2020).

The results, showing the particle projected area for each polymer type, are presented in
Figures 17 to 21. This visual guide provides a clear representation of the changes in the
surface area for all ten MP patrticles of each polymer type. The diagram shows the projected
area of the particles following various treatment procedures, which include SDS treatment,
protease treatment, cellulose and viscozyme treatment, Fenton oxidation treatment, and
density separation utilizing SPT or ZnCl, as heavy liquids. To explore potential variations
arising from the choice of liquid medium, five particles were immersed in SPT, while the

remaining five particles underwent treatment using ZnCl,.
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Figure 32. Diagram illustrating the initial projected area in mm? of each HDPE particle (number 1 to 10) along

with the subsequent projected areas after each treatment procedure.
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Figure 33. Diagram illustrating the initial projected area in mm? of each PET particle (number 1 to 10) along with
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the subsequent projected areas after each treatment procedure.
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Figure 34. Diagram illustrating the initial projected area in mm? of each PP particle (number 1 to 10) along with
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the subsequent projected areas after each treatment procedure.
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Figure 35. Diagram illustrating the initial projected area in mm? of each PS particle (number 1 to 10) along with
the subsequent projected areas after each treatment procedure.
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Figure 36. Diagram illustrating the initial projected area in mm? of each PVC particle (number 1 to 10) along with
the subsequent projected areas after each treatment procedure.
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Figures 17 to 21 show that there is variability in the projected area of particles at different
protocol steps. For HDPE patrticles, the mean coefficient of variability in the projected area of
all particles is 4.46%. When considering PET particles, the mean variability is higher at 8.72%,
indicating a larger degree of variation in the projected areas of these particles throughout the
protocol steps. For PP particles, the mean variability between areas is measured at 4.55%,
while for PS particles the mean variability is 1.44%, indicating minimal changes in their
projected areas throughout the protocol steps. Lastly, the mean variability of PVC particles is

measured at 4.25%.

Upon closer examination of the numerical data, it becomes evident that there are fluctuations
in the projected area of the patrticles. It is important to note that these variations are not caused
by chemical influences but rather by the employed threshold technique utilized for area
measurement. Relying only on the threshold method may not produce precise results due to
certain limitations. One limitation is the potential misinterpretation of shadows surrounding a
particle in the image, which may mistakenly be included as part of the particle itself, leading
to an overestimation of the results. On the other side, in certain particle images, the threshold
technique may fail to capture all the edges of the particle, resulting in an underestimation of
the measured area. These factors contribute to the overall inaccuracy associated with

employing the threshold method as a means of precise area determination.

Furthermore, it is noticed that some PET particles show greater variation in a projected area
between the various treatment steps. This can be because of the PET particles thinness,
which allows them to be flexible and adopt varying shapes. Particularly, the ends of these thin

particles tend to twist and congregate, contributing to the differences in a projected area. This
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is observed for particles number 3, 8, and 10 (Coefficients of variability in a projected area
between protocol steps are 11.46%, 19.96%, and 22.16% respectively). For particle number
3, the initial projected area was 3.14 mm?, which slightly increased to 3.27 mm? after SDS
treatment, followed by a comparable projected area of 3.26 mm? after protease treatment.
However, a significant decrease was observed after cellulose treatment, resulting in a
projected area of 2.28 mm?. Subsequently, the projected area increased to 3.42 mm? after the
Fenton oxidation treatment, followed by a reduction to 2.42 mm? after density separation using
SPT. Similarly, for particle number 8, the initial projected area was 1.52 mm?, which increased
to 1.94 mm? after SDS treatment and remained relatively consistent at 1.92 mm?after protease
treatment. However, a noticeable decrease in the projected area was observed after cellulose
and viscozyme treatment, resulting in a projected area of 1.38 mm?. This decrease is primarily
attributed to the twisting behavior of the thin particles which can be seen in Figure 22, rather

than a direct chemical influence.

Figure 37. Microscopic images of PET particle number 8 taken before and after each of the sample preparation
treatment. The initial appearance of each particle is shown in image a, while images b through f show the
particles after undergoing specific treatments, including SDS (b), protease(c), cellulose and viscozyme(d), Fenton
oxidation(e), and density separation (f).

Furthermore, for particle number 10, a potential outlier was identified after the Fenton oxidation
treatment. The projected area of the particle increased significantly from 2.06 mm? before the
treatment to 3.32 mm? after the Fenton oxidation treatment, and it decreased to 2.18 mm?
after the subsequent density separation using ZnCl,. The increase in the projected area after
the Fenton oxidation treatment could be attributed to the stretching or elongation of the thin
PET particle. These findings highlight the importance of considering the unique characteristics

of different polymer types.
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Looking at all the results presented, it can be concluded that sample preparation techniques
have little impact on the morphological characteristics of the larger MP patrticles. The findings
indicate no significant changes in the physical characteristics of the particles across all
polymer types examined. These results suggest that the selected sample preparation
procedures, including SDS treatment, enzyme treatment, Fenton oxidation treatment, and
density separation treatment, do not introduce substantial nor systematic alterations to the
morphology of the particles. The lack of significant morphological alterations shows that the
structural consistency of particles and shape were maintained throughout the sample
preparation procedure. However, it is worth noting that there are certain considerations to be
taken into account when examining thin/film particles, as some changes in their characteristics
were observed. Therefore, further research is necessary, particularly regarding the shape of
these particles. Additionally, it is important to acknowledge that the measurement of particle
area, while informative, provides only an indirect estimation of size and may not capture all
dimensions of the particles, such as volume. Obtaining volume information would allow for a

more comprehensive understanding of the particles' physical properties, including their mass.

4.1.2. Chemical Characterization

Figures 23 to 27 present diagrams illustrating Pearson correlation coefficients, showing the
degree of similarity between the initial spectra and the spectra obtained after each step of the
sample preparation treatment for ten particles of each polymer type (HDPE, PET, PP, PS, and
PVC). To ensure accurate comparisons, the spectra underwent normalization and baseline
correction to eliminate any inherent variations. Normalization was used to scale the intensity
of spectral peaks to a standard range or reference point which helps to remove variations in
peak intensities. Baseline correction was employed to remove background noise that can

cause fluctuations in baseline spectra.
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Figure 38. Pearson correlation coefficients, showing the degree of similarity between the initial spectra and the
spectra obtained after each step of the sample preparation treatment for ten HDPE patrticles
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Figure 39. Pearson correlation coefficients, showing the degree of similarity between the initial spectra and the
spectra obtained after each step of the sample preparation treatment for ten PET particles.
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Figure 40. Pearson correlation coefficients, showing the degree of similarity between the initial spectra and the
spectra obtained after each step of the sample preparation treatment for ten PP patrticles.
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Figure 41. Pearson correlation coefficients, showing the degree of similarity between the initial spectra and the
spectra obtained after each step of the sample preparation treatment for ten PS patrticles.
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Figure 42. Pearson correlation coefficients, showing the degree of similarity between the initial spectra and the
spectra obtained after each step of the sample preparation treatment for ten PVC particles.

The analysis of the results for HDPE patrticles indicates that there was a good match between
spectra after all treatment procedures with coefficients with just normalization of the spectra
ranging from 0.99 at the beginning of the protocol to 0.85 after the last step. These results
were particularly evident after the application of baseline correction, where no particle had a
coefficient lower than 0.95, indicating the absence of significant changes in the particle
spectra. This suggests that the chemical structure of the HDPE particles remains unaffected

by the chemicals applied in the sample preparation steps.

Similar observations were made for the PET particles, with consistently high match coefficients
observed across all treatment procedures (from 0.99 to 0.94 with a corrected baseline).
However, an outlier was identified in particle number 10 which has 0.9 match after the
treatment with SDS. Further examination of the spectra revealed an additional peak, as shown

in Figure 28.
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Figure 43. Spectra (normalized and baseline corrected) for PET particle number 10 showing additional peak after
treatment with SDS.

The presence of an additional peak in the wavenumber range of 3600 to 3000 cm™ was
noticed in the spectra of particle number 10 after the SDS treatment, even after normalization
and baseline correction. This suggests the potential presence of chemical residue on the
particle because of the inadequate rinsing with water during the filtration step following the
SDS treatment, rather than attributing it as a direct impact of the SDS on altering the chemical

structure of the particle.

Similarly, the PP particles demonstrated high Pearson’s correlation coefficients after all
sample preparation procedures, ranging from 0.99 to 0.95 indicating no changes in their
chemical composition. Still, two outliers were noticed in particle numbers 7 and 9 with
matching coefficients of 0.51 and 0.22 respectively. Similar to the case of PET particle number
10, these outliers can be attributed to the presence of SDS residues on the particles. The
corresponding spectra in Figures 29 and 30 demonstrate the appearance of additional peaks,
further supporting this observation.
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Figure 44. Spectra (normalized and baseline corrected) for PP particle number 7 showing two additional peaks
and high peak intensity after treatment with SDS.

Figure 29 shows the appearance of the same peak in PP particle number 7 as in the case of
PET particle number 10. This peak is located in the wavenumber range between 3800 and
3000 cm. Additionally, in this PP particle, an extra peak appears in the wavenumber range
between approximately 1700 and 1500 cm™. Moreover, the very high intensity of the peak is
noticed at the end of the spectra. These additional peaks are only detected after the SDS
treatment and not observed during subsequent treatments, indicating their association with
inadequate water rinsing during filtration and the presence of SDS chemical residues on the

surface of the particle. Figure 30 illustrates a similar scenario for PP particle number 9.
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Figure 45. Spectra (normalized and baseline corrected) for PP particle number 9 showing two additional peaks
and high peak intensity after treatment with SDS.
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Upon closer examination of the PS particles, there is a slight overall decrease in Pearson’s
correlation coefficient scores. However, it is important to note that even with the lower overall
coefficients ranging between 0.58 and 0.9, after the application of baseline correction, all
particles exhibited coefficients no lower than 0.9 except two outliners in particle number 2 and
3 after the SDS treatment with matching coefficients of 0.82 and 0.85 respectively, which is
also explained with the appearance of the peak from SDS residuals, so it can be concluded
that there are no significant changes in the chemical structure of the PS particles throughout

the sample preparation procedures.

Looking at coefficients for PVC particles, a decrease in the coefficient score was noticed
across all PVC particles, from 0.95 to 0.78 (excluding the outliner in particle number 9 after
SDS and Cellulose treatment). By the completion of the treatment, after the last protocol step
(density separation), the coefficients for all ten particles ranged between 0.78 and 0.87, which,
compared to the other polymers investigated, represented a lower score. The lower coefficient
scores could potentially be attributed to variations in the intensity of the spectra peaks, even
after applying normalization and baseline correction techniques. This variation is shown in
Figure 15. However, it is noteworthy that even after undergoing treatment with SDS, there is
a persistent bump in the 3600-3000 cm region for PVC particles, unlike the other polymers.
This observation suggests that the change in PVC particles is consistent and not fully
eliminated in the subsequent steps of the protocol. As a result, it contributes to a lower
matching index, indicating a weaker similarity between the treated PVC particles and the
reference spectra. For a deeper understanding, further analysis of the PVC spectra should be
investigated to identify the specific regions within the spectra where changes occur, in order
to determine if there are any particular parts of the chemical structure of PVC particles that

are being affected.
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Figure 46. Spectra (normalized and baseline corrected) for PVC particle number 10.

Figure 31 illustrates the presence of varying peak intensities, which could potentially contribute
to a lower match in spectra in PVC particles. This intensity variation is observed across all

particles, making it a representative example.

The thorough examination of all particle spectra and numerical analyses strongly indicate that
the chemicals and techniques utilized in the sample preparation did not significantly impact
the morphological and chemical structure of the examined MP particles. This outcome can be
considered favorable for a well-designed sample preparation protocol. The findings provide
strong support for the ability of the implemented protocol to maintain the properties of the
particles, resulting in more precise, trustworthy, and representative results from the
subsequent analysis. By demonstrating that the sample preparation has minimal impact on
the properties of the particles, the validity and integrity of the analysis are preserved. However,
based on the presented results, it was observed that all outliers with a lower matching index
were specifically associated with SDS treatment. To ensure that particles are free from SDS
residues, it is crucial to thoroughly filter the treated particles with an abundant amount of
particle-free water or ethanol. This finding highlights the importance when considering the use

of SDS as the only treatment in sample preparation for subsequent analysis.
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4.2. Comparison Between pFT-IR and Raman Spectroscopy

For particle analysis, two widely employed techniques, FPA-UFT-IR imaging and Raman
spectroscopy, were explored following the laboratory treatment of the smaller MP patrticles (3-
200 um). As described in Chapter 3.2.1, the experimental procedure involved the preparation
of a mixed solution consisting of HDPE, PET, PP, PS, and PVC polymers, comprising small
MP patrticles. Figures 32 to 34 provide a visual representation of the results obtained from
detecting particles of each polymer type using both Raman and pFT-IR spectroscopy, along
with the total number of particles. These figures offer valuable insights into the detection
efficiency of the two techniques and the overall distribution of particles among different
polymer types. The analysis of figures reveals interesting patterns regarding the detection of
MP particles using UFT-IR and Raman spectroscopy in the samples examined. In sample 1,
MFT-IR detected 18 more MP particles compared to Raman, while in sample 2, there was a
difference of 15 particles in favor of uFT-IR. Conversely, in sample 3, Raman detected a higher
number of particles, with a total of 86 more particles than uFT-IR. This high difference can be
attributed to the significant presence of PVC patrticles detected, as Raman detected 216 PVC
particles compared to 130 detected by uFT-IR. Considering the different polymer types,
Raman consistently detected a higher number of PE particles across all three samples, with
an average difference of 32.2 particles. On the other hand, pFT-IR exhibited higher detection
of PET particles, with an average of 75.6 more particles identified across the three samples.
Regarding PP particles, Raman spectroscopy detected an average of 15 more particles, while
a similar trend was observed for PS particles, with Raman detecting an average of 6.3 more
particles. These findings remained consistent across all three samples, with the exception of
sample 1, where uFT-IR detected 6 more PVC particles compared to Raman spectroscopy.
However, in samples 2 and 3, Raman spectroscopy detected significantly more PVC patrticles

(41 and 87 more particles, respectively) compared to uFT-IR.
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Figure 48. Comparison of particle detection using UWFT-IR and Raman spectroscopy; Distribution of detected
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Figure 49. Comparison of particle detection using pFT-IR and Raman spectroscopy; Distribution of detected
particles by polymer type in sample 3.

The results indicate that the pFT-IR and Raman spectroscopy techniques provided different
results when identifying particles in the same sample. This trend was consistent across all
three samples examined. However, a consistent pattern emerges in particle detection across
the samples. For PE particles, Raman analysis consistently identified a greater number of
particles compared to UFT-IR, whereas the reverse was observed for PET particles. In the
case of PS, PP, and PVC particles, Raman spectroscopy exceeded UFT-IR in particle
detection. To investigate this, a matching index between particle spectra and reference
spectra was calculated to determine which technique achieved better spectral alignment. The
index was computed using siMPle software that employed Pearson correlation to assess the
spectral fit for untreated data, as well as its first and second derivatives. The mean matching
coefficients for all polymer types obtained from pFT-IR and Raman scanning are summarized
in Table 2.
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Table 5. Comparison of matching index between particle spectra and reference spectra detected by pFT-IR and

Raman.

Match Coefficient
Sample 1 Sample 2 Sample 3 Average

Polymer | MFT-IR Raman MFT-IR Raman MUFT-IR Raman UFT-IR | Raman

PE 0.93 0.80 0.91 0.73 0.94 0.74 0.93 0.76
PET 0.86 0.63 0.86 0.56 0.85 0.78 0.86 0.66
PP 0.90 0.90 0.87 0.83 0.94 0.76 0.90 0.83
PS 0.90 0.90 0.89 0.79 0.83 0.69 0.87 0.85
PVC 0.75 0.72 0.75 0.67 0.75 0.68 0.75 0.69

The analysis of Pearson's correlation coefficient between particle spectra and reference
spectra reveals that pFT-IR consistently showed higher matches across all particles, with an
average match index of 0.86, compared to 0.76 for Raman spectroscopy. Additionally, uFT-
IR detected a greater number of particles across the three samples. Because of this, uFT-IR
was chosen as the preferred analysis technique to implement after the sample preparation
treatment procedures. However, further investigation is necessary to examine all particle
spectra and ascertain the underlying reasons for the high differences in particle detection
between uFT-IR and Raman. In Figure 35, examples of low matches between particle spectra
from sample 3 (for PVC, PE, PS, and PP) and the reference spectra from the Raman library
are depicted. This demonstrates that although the software identified these patrticles, it is
necessary to verify the spectra of the detected particles, particularly when they show a low

matching score.
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Figure 50. Low matches between particle spectra from sample 3 (for PVC, PE, PS, and PP) and the reference
spectra from the Raman library

While it is true that uFT-IR exhibited better spectral matching for particles, it is important to
acknowledge that the matching index depends upon the quality of the spectra. Several
variables, including the analysis's setting parameters and the particle size, can significantly
influence the spectra's quality. Furthermore, it is important to note that different reference
spectra libraries were used, potentially contributing to the differences and highlighting the need
to ensure accuracy in the reference spectra employed for Raman analysis. Another reason
influencing the decision to not utilize Raman spectroscopy for particle detection is the
presence of chemical residues and cellulose contamination after the treatment, as detailed in
the next chapter. These interferences significantly increase the number of particles in the
sample and would require considerable time for Raman spectroscopy to accurately identify
the particles and compare the results before and after implementing protocol procedures.
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4.3. Recovery Rate and Distribution of Small MP Patrticles (3 - 200um) After

Sample Preparation

Figures 36 to 40 present the particle counts before and after the sample preparation treatment

along with maps of the patrticle distribution before and after each protocol step conducted with

siMPle software.
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Figure 51. Particle quantification with map conducted in siMPle software: pre- and post- SDS treatment.
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Figure 52. Particle quantification with map conducted in siMPle software: pre- and post- Protease treatment.
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Figure 53. Particle quantification with map conducted in siMPle software: pre- and post- Cellulose and Viscozyme

treatment.
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Figure 54. Particle quantification with map conducted in siMPle software: pre- and post- Fenton oxidation.

Density Separation

100 83
0 80 59
o 60
£
g 4 19
15
S 20 7 11 9 3 7 10
2 0 - . Hm — [ |
PE PET PP PS PVC
M Before protocol M After protocol
Before - At v
er
C ¢
A

Figure 55. Particle quantification with map conducted in siMPle software: pre- and post- Density separation.
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Examining the figures and particle recovery rates (Table 3.) reveals that the overall recovery
was not optimal. As the protocol progressed, the recovery rates declined. The lowest recovery
rate across all treatments was observed for PVC particles (SDS: 33.3%, Cellulose and
Viscozyme: 13.3%, Fenton: 3.3%, Density separation: 16.9%) except Protease (92.0%), likely
due to their small size (20-40 pum), making them prone to being masked by chemical residues
or potentially lost during the sample preparation process prior to scanning. Additionally, there
was a consistent decline in the recovery of PET patrticles throughout the procedure (SDS:
95.2%, Protease: 42.0%, Cellulose and Viscozyme: 63.0%, Fenton: 53.3%, Density
separation: 22.9 %). Notably, visual differences were observed in the samples before and after
treatment. Despite filtering the samples with a 10 um mesh prior through the same membranes
used for deposition, traces of chemical residues and fiber contamination remained, potentially
originating from airborne sources. These contaminants could interfere with the pFT-IR
scanning, obstructing the signal from MP particles and resulting in lower identification rates
post-treatment. The heavy presence of chemical residues and contamination was primarily
attributed to filtering the whole amount of the samples back onto the silicone membrane for
scanning to evaluate the effectiveness of this preparation approach. Figure 41 illustrates the
visual appearance of the samples after the sample preparation protocol, together with a map
obtained from pPFT-IR analysis. The grey particles depicted in the map represent cellulose

fibers that were detected using uFT-IR.

Figure 56. Visual appearance of the sample after the treatment implementation and FT-IR scan mapping of the
sample including cellulose fibers.

To avoid such issues, the standard procedure involves complete evaporation of the samples
in glass vials after the final treatment step, followed by the addition of a known amount of

ethanol to prepare the samples for scanning. Depending on the appearance of the sample,
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only a representative portion is deposited and scanned, ensuring a more accurate analysis.
The presence of contamination in the samples requires careful consideration when conducting
scanning procedures, particularly when dealing with samples that may contain a substantial
amount of matrix such as soil or sediments, where the possibility of residual contamination
traces is high, given the difficulty of completely removing all organic or inorganic particles from
MP samples. After evaporation, a representative portion of the sample can be deposited and
scanned, ensuring that the particles are spread out and less likely to be obscured by non-MP
particles. By depositing a smaller portion, the chances of detecting and identifying MP particles
with higher accuracy are improved. Moreover, careful attention to the visual appearance of the
samples before proceeding with the scanning process and the implementation of robust
filtration techniques will further contribute to improving the overall analysis quality. Despite
prior filtration of the samples using a g 47 mm 10 pum mesh filter followed by filtering through
@ 13 mm 5 pm mesh silicone membranes, residual contaminants were still present. To further
improve the removal of these residues, an additional filtration step using a @ 47 mm with 5 pm
mesh filter could be incorporated. The larger filtering surface area of the g 47 mm filter would
contribute to reducing contamination levels from chemical residues. This additional filtration
step can be implemented as part of the sample preparation protocol to ensure more thorough
removal of contaminants and enhance the overall quality of the analysis. These measures are

important steps toward obtaining more accurate and reliable results in MP research.

Table 6. Recovery rates for small MP particles together with the average value for recovery rate per protocol
step.

Recovery rate, %

Cellulose and Density
Polymer SDS Protease Fenton
Viscozyme separation
PE 120.00 80.00 100.00 45.45 46.67
PET 95.24 42.00 62.96 53.33 22.89
PP 300.00 184.62 141.67 187.50 81.82
PS / 200.00 300.00 150.00 233.33
PVC 33.33 92.00 13.33 3.33 16.95
Average 137.14 119.72 123.56 87.92 80.33

On the other side, looking at the table it could be noticed an increase of particles in some

treatments. Results from recovery rates reveal an increase in the particle count for PE particles
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following the SDS treatment (120%). Furthermore, for PP particles, a rise in a count is
observed after all treatments except for density separation (SDS: 300 %, Protease: 185 %,
Cellulose and Viscozyme: 142 %, and Fenton: 188 %) Similarly, for PS particles, an increase
in count is noticed following each treatment (Protease: 200%, Cellulose and Viscozyme: 300
%, Fenton: 150 %, and Density separation: 233 %) excluding SDS treatment because no PS
particles were detected prior no after the treatment. To investigate the potential cause of this,
the size distribution of these particles was examined, to determine if any changes in particle
size occurred during the treatments that could contribute to the higher particle counts. Figures
42 to 50 present the histograms of the size distribution of these particles for providing insights
into the potential presence of smaller particles after treatment, resulting from the possible

breakage of particles during the sample preparation.
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Figure 57. Size distribution of PP particles before and after SDS treatment.
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Figure 58. Size distribution of PP particles before and after Protease treatment.
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Figure 59. Size distribution of PP particles before and after Cellulose and Viscozyme treatment.
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Figure 60. Size distribution of PP particles before and after Fenton oxidation
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Figure 61. Size distribution of PE particles before and after SDS treatment.
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Figure 62. Size distribution of PS particles before and after Protease treatment.
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Figure 63. Size distribution of PS particles before and after Cellulose and Viscozyme treatment.
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Figure 64. Size distribution of PS particles before and after Fenton oxidation.
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Figure 65. Size distribution of PS particles before and after Density separation.

The analysis of histograms presented provides insight into the changes in particle size
distribution following the implementation of the different treatments in sample preparation. The
observed histograms indicate the presence of smaller particles post-treatment in terms of the
projected area, confirming the hypothesis that particle breakage or dispersion occurred during

the treatment process. To gain insights into the central tendency of the data and analyze
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changes in the distribution, median values of a projected area were calculated for the data
presented in Figures 42 to 50. After the SDS treatment, the median for a projected area of PP
particles significantly decreased. The median was 2571.3 um? before the protocol step and
decreased to 544.5 um? after the treatment. Similar to this, following the protease treatment,
the median size of PP particles dropped from 2934.3 um? to 937.75 um?2. In the case of
cellulose and viscozyme treatment, the median decreased from 4325.8 um2to 877.3 umz2. The
Fenton oxidation treatment also resulted in a reduction in median size, which fell from 1845.25
um? to 847 um?. Regarding PE particles, the increase in particle count was observed only after
the SDS treatment. The median for the projected area decreased from 14036 um?2 to 5175
pum?2 after implementing this protocol step. For PS particles, the median size dropped after the
protease treatment, from 33396 um2 to 287.4 umz. Similarly, the Fenton oxidation treatment
resulted in a decrease in the median from 49065.5 ym2 to 2117.5 ym2. Lastly, the use of

density separation reduced the median size from 12432.8 um? to 1300.8 um?.

While particle breakage is a potential explanation for the changes in particle size, it could be
that these alterations are a result of mechanical processes involved in the treatment
procedure, such as sonication. These processes can induce fragmentation and dispersion of
particles, leading to variations in their size distribution. To gain a comprehensive
understanding of particle dynamics and the underlying factors influencing their size distribution
changes, further investigations are needed. This may involve, for example, evaluating the
influence of sonication parameters, and exploring potential mechanisms of particle

aggregation and dispersion during the treatment process.

However, in Figure 45, which shows the size distribution of PP particles before and after the
Fenton oxidation treatment, it is noticed that two particles exhibit a larger projected area after
the treatment compared to their initial sizes. Similarly, Figure 48, illustrating the size
distribution of PS particles before and after the cellulose and viscozyme treatment, shows the
appearance of a particle with a larger projected area than any observed before the treatment.
These anomalies can be attributed to the possibility of particle clustering or potential
contamination with similar particles. For possible contamination with PE, PP, and PS patrticles,
it is essential to point out the importance of using blank samples in order to determine whether
the contamination with similar particles was caused by external conditions in the laboratory. It
is possible to determine whether the presence of additional particles is solely due to
contamination during the sample preparation process in the laboratory by analyzing blank
samples alongside the prepared samples. This method would provide useful evidence for
distinguishing genuine MP particles from those introduced during sample preparation and

analysis, ensuring the accuracy and reliability of the results.
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5. Conclusion

In conclusion, the investigation of the sample preparation protocol steps for both larger (500
pm - 3 mm) and smaller (2 um - 200 um) MP particles showed several findings. Regarding the
effects of chemicals and techniques used in sample preparation on larger MPs, it was
observed that these factors had minimal impact on the morphological and chemical properties
of the particles. No significant changes in color, shape, or chemical composition were
detected, except for potential effects on the shape of thin PET particles. Moreover, the most
evident changes in particle spectra were observed after the SDS protocol step in sample
preparation. These changes were primarily attributed to chemical residues remaining on the
particles, highlighting the importance of thorough filtration with an abundant amount of water
or even the use of ethanol. By implementing these measures, the accuracy of the subsequent
analysis can be improved. All in all, the findings provide strong support for the ability of the
implemented protocol to maintain the properties of the MP particles. By demonstrating that
the sample preparation has minimal impact on the properties of the particles, the validity and

integrity of the analysis are preserved.

Regarding smaller MP particles, it is concluded that filtering the entire sample onto the silicone
membrane as a substrate for analysis, even in the absence of a matrix, did not give satisfactory
results. Despite the "clean" nature of the sample, consisting of standard MP particles mixed in
ethanol, the recovery rates for all protocol steps were not optimal. The presence of chemical
residues and contamination disrupted the uFT-IR analysis. Thus, it is necessary to incorporate
an evaporation step in the procedure and analyze only a representative portion of the sample,
which can be upscaled. Moreover, the additional filtration can help in removing chemical
residues. On the other side, it is noteworthy that some treatments resulted in a recovery rate
exceeding 100% for PE, PP, and PS particles. Additionally, the size distribution analysis
revealed a reduction in particle size after these treatments, indicating possible breakage or
dispersion of particles during the protocol steps or potential contamination with similar
particles. The appearance of possible contamination with the same particles highlights the
importance of employing blank samples for the purpose of comparing and verifying the

obtained results.

In summary, this study not only provided insights into sample preparation for MP analysis, but
also opened the way for future studies to strengthen the standard methods in protocol and

advance knowledge in this important field.
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